ABSTRACT: Multilayer lipid membranes perform many important functions in biology, such as electrical isolation (myelination of axons), increased surface area for biocatalytic purposes (thylakoid grana and mitochondrial cristae), and sequential processing (golgi cisternae). Here we develop a simple layer-by-layer methodology to form lipid multilayers via vesicle rupture onto existing supported lipid bilayers (SLBs) using poly L-lysine (PLL) as an electrostatic polymer linker. The assembly process was monitored at the macroscale by quartz crystal microbalance with dissipation (QCM-D) and the nanoscale by atomic force microscopy (AFM) for up to six lipid bilayers. By varying buffer pH and PLL chain length, we show that longer chains (≥300 kDa) at pH 9.0 form thicker polymer supported multilayers, while at low pH and shorter length PLL, we create close packed layers (average lipid bilayers separations of 2.8 and 0.8 nm, respectively). Fluorescence recovery after photobleaching (FRAP) and AFM were used to show that the diffusion of lipid and three different membrane proteins in the multilayered membranes has little dependence on lipid stack number or separation between membranes. These approaches provide a straightforward route to creating the complex membrane structures that are found throughout nature, allowing possible applications in areas such as energy production and biosensing while developing our understanding of the biological processes at play.
■ INTRODUCTION
Multilayered lipid membrane assemblies are utilized throughout nature and are involved in a wide range of energy producing pathways, from the double membranes surrounding mitochondria and Gram-negative bacteria to the stacked thylakoid membranes of photosynthetic plant chloroplasts.
1,2 The benefits of multiple membrane structures lie with the ability to amplify and compartmentalize single membrane functions in series. This presents significant technological potential for mimicking and harnessing a diverse range of energy production machinery. Such applications range from producing fuels from organic matter, to converting organic matter into electricity and exploiting photosynthesis for solar power. In addition to energy production it has been thought that multilayered membranes may allow serial coupling of membrane proteins that could lead to new applications in photonics, biosensing, and the 3D crystallization of membrane proteins. 3, 4 Accompanying the functionality, the multilayered structures also offer increased mechanical robustness, a trait that can hinder single membrane systems. For such applications, methodologies to create multilayered membranes should be simple to construct, stable, and scalable.
The formation of double membranes has been previously demonstrated in a number of ways. The rupture of giant unilamellar vesicles (GUVs) onto existing solid-supported lipid bilayers (SLBs) was initially achieved through electrostatic interaction by fusing GUVs with opposing charged lipids. 5 Control over the separation between the supported bilayer and ruptured GUV was then shown by Chung et al. utilizing DNA hybridization to link the two membranes. 6 DNA was also used in a separate approach in which cationic lipid bicells were fused to cationic SLBs by linking the two with DNA duplexes. 7 More recently, Minner et al. showed that multilayered membranes composed of up to four layers could be formed with GUVs via specific pegylated maleimide lipid to sulfhydryl linkages with 2−4 h incubation per layer. 8 The conditions used to form GUVs, however, make the incorporation of functioning membrane proteins much more difficult than with proteoliposomes. Hence approaches based on self-assembly from small vesicles provide a significant advance in the type of applications that multilayered bilayers can be used for. Han et al. used NHS/EDC lipid coupling chemistry to fuse vesicles to form a second bilayer. 9 However, data suggested that the second bilayer was incomplete, and thus attempting to extend this to any further layers would carry and amplify these defects. Biotin−streptavidin coupling has also been used to form stable double bilayer systems while showing the incorporation of a transmembrane protein. 10 Composite lipids multilayer stacks have also been created with silica templates 11 and with graphene oxide. 12 While practical for fundamental biophysical studies, these methods may require large amounts of preparation and, in some cases, several hours to form each additional layer as well as costly materials/chemistry. Here we describe a technique using poly L-lysine (PLL) as an electrostatic linking polymer layer between membranes. PLL is a widely used biocompatible cationic polypeptide that has been intensively studied and broadly used in a wide range of applications, providing one of the most commonly used substrate coatings to allow cell adhesion. 13 It has also been used as a key building block in many self-assembled systems such as numerous drug delivery vehicles, 14−17 in the preparation of hydrogels for tissue engineering applications, 18 and for coating many materials for further surface modification. 19 In most applications, the high positive charge of PLL is utilized to adhere subjects that carry a negative charge (e.g., cells or proteins) to negatively charged substrates (e.g., glass or SiO 2 ). Following this route, we bind PLL to the surface of negatively charged SLBs to reverse the membrane surface charge and allow a second bilayer to be formed via vesicle fusion. Additional layers are built up in a simple layer-by-layer methodology with defined vesicle rupture signatures, which are visible via quartz crystal microbalance with dissipation (QCM-D) for up to six lipid bilayers. Atomic force microscopy (AFM) imaging is used to show the integrity of the bilayers at each stage of multilayer formation. While PLL typically adopts random coil conformations at physiological pH, at higher pH it is able to form rigid, rod-like α-helical structures. Using this property and by varying the length of PLL used at pH 9.0 we create a polymer cushion mixed with stiffer alpha helices somewhat akin to actin cytoskeleton. AFM imaging, force spectroscopy, and QCM-D show how at this higher pH, separation between the membranes increases from 0.8 to 2.8 nm. Additionally, we perform fluorescence recovery after photobleaching (FRAP) experiments to investigate the diffusion of lipid and three different transmembrane proteins in the multilayered membranes.
■ EXPERIMENTAL SECTION
Materials. If not otherwise stated, all chemicals were purchased from Sigma-Aldrich (Dorset, U.K.). 1,2-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine (POPC), palmitoyl-2-oleoyl-sn-glycero-3-phosphoglycerol (POPG), palmitoyl-2-{6-[(7-nitro-2-1,3-benzoxadiazol-4-yl)-amino]hexanoyl}-sn-glycero-3-phosphocholine (NBD-C6) and dioleoyl-sn-glycero-3-phosphoethanolamine-N-(carboxyfluorescein) (DOPE-CF) were obtained from Avanti Polar Lipids (Alabaster, AL). Di-8-butyl-amino-naphthyl-ethylene-pyridinium-propyl-sulfonate (Di-8-ANEPPS, D3167) and fluorescein-phosphatidyl-ethanolamine (FPE, F-362) were purchased from Life Technologies (Paisley, UK). Ultrapure water (resistance 18.2 MΩ cm) from a Milli-Q system was used throughout.
Multilayer Bilayer Formation. Formation at pH 5.5−7.0. To form the base bilayer, dried POPC/POPG (1:1) was hydrated in 5 mM MOPS at pH 7.0, then tip sonicated for 20 min, followed by benchtop centrifugation to remove titanium particles (5 min at 12000 rpm). The bilayer was then formed on mica, glass, or SiO 2 by adding the POPC/POPG (1:1) vesicle solution at 0.5 mg/mL with 5 mM CaCl 2 at room temperature for 30 min. The bilayer was rinsed 5 times with 1 mM EDTA followed by at least 15 washes with 5 mM buffer at pH 5.5 or pH 7.0. The buffer used for experiments at pH 5.5 was 5 mM Bis-Tris, while 5 mM MOPS was used for experiments at pH 7.0. PLL was added to the base bilayer at 10 μg/mL in the same buffer and incubated for 40 min, followed by rinsing 20 times with buffer. To form the second bilayer, a POPC/POPG (3:1) vesicle solution (tip sonicated as above) in buffer (without CaCl 2 ) was added at 0.5 mg/ mL and left to incubate for 1 h followed by rinsing 20 times with buffer. To form additional bilayers, the steps to form the second bilayer were repeated, i.e., incubating PLL, followed by rinsing then incubating POPC/POPG (3:1) vesicle solution.
Formation at pH 9.0. The base bilayer was formed as for pH 5.5 and pH 7.0 but using 5 mM CHES pH 9.0 buffer. Ten micrograms per milliliter of PLL was added in 5 mM CHES at pH 9.0 and incubated on the base bilayer for 1 h followed by 10 rinses with 5 mM CHES (pH 9.0) and then 10 rinses with 5 mM Bis-Tris at pH 5.5. The second bilayer was formed by incubating a POPC/POPG (1:1) vesicle solution (tip sonicated) in pH 5.5 buffer (without CaCl 2 ) at 0.5 mg/ mL for 1 h. The second bilayer was then rinsed 10 times with 5 mM Bis-Tris at pH 5.5 followed by 10 rinses with 5 mM CHES (pH 9.0). Additional bilayers were formed by repeating the PLL incubation followed rinsing followed by vesicle incubation as for the second bilayer. We note that attempts to form the second bilayer directly at pH 9.0 (rather than at low pH, followed by increasing the pH) were unsuccessful.
QCM-D. QCM-D measurements were performed using a QSense E4 multifrequency QCM-D instrument (Q-Sense, Gothenburg, Sweden) in a flow through cell of 40 μL volume. Data from 15, 25, 35, 45, 55 , and 65 MHz overtones (3rd, 5th, 7th, 9th, 11th, and 13th, respectively) were collected. Before use, all SiO 2 crystals were cleaned by ultrasonication in 0.4% SDS for 15 min followed by copious rinsing and ultrasonication in water for 15 min. The crystals were then dried under nitrogen and UV-ozone cleaned for 20 min. After UV-ozone treatment, they were rinsed with water, dried under nitrogen, and used immediately. Initially, the system was filled with buffer such that the resonant frequencies of each overtone used could be found. Experiments were performed at 22°C at flow rates of 70 μL/min. Data was modeled using the QTools software (QSense AB, Gothenberg, Sweden) with a Kelvin−Voigt model and a minimum of three overtones.
Atomic Force Microscopy. AFM experiments were performed at room temperature (22°C) in aqueous conditions using a Dimension FastScan Bio (Bruker). Oxide-sharpened silicon nitride tips (Bruker) with typical spring constants of 0.7 N/m were used in either PeakForce tapping mode or tapping mode. All images were performed on mica substrates mounted on Teflon discs.
Fluorescence/FRAP. FRAP data was recorded using an epifluorescence microscope (Nikon ECLIPSE Ti). The sample was illuminated and bleached using a high-pressure mercury arc lamp. The bleached spot had a diameter of 55 μm viewed using a 40× objective lens. After bleaching, a series of time-lapse fluorescence images were collected using a Zyla sCMOS 5.5 CCD camera (Andor Technology Ltd. Belfast, UK) with the aid of NIS elements software (Nikon, USA). The Axelrod method was employed to calculate the diffusion coefficient and the mobile fraction of the supported lipid bilayer. 20 Phospholipid Vesicle Labeling with Fluorescent Probes (FPE and Di-8-ANEPPS). Lipid vesicles were labeled in the outer bilayer leaflet with FPE as previously described. 21 Briefly, the vesicles were incubated with ethanolic-FPE (never more than 0.1% v/v ethanol) at 37°C for 1.5 h in the dark. Unincorporated FPE was removed by gel filtration on a PD10 Sephadex column. For the labeling of phospholipid vesicles with Di-8-ANNEPS, the phospholipid vesicles were incubated for at least 1 h at 37°C in the dark in the presence of ethanolic-Di-8-ANNEPS (14.8 μg/mL).
Fluorescence Spectroscopy. Fluorescence spectroscopy of lipid vesicles labeled with either FPE or Di-8-ANEPPS was conducted on a Fluoromax-4 Spectrofluorimeter (HORIBA Jobin Yvon). For FPEbased experiments, excitation and emission wavelengths were set at 490 and 518 nm, respectively. Di-8-ANEPPS spectra were obtained by exciting the samples at 468 and 520 nm and measuring the emission ratio at 580 nm. 22, 23 Fluorescence intensity was measured pre-and post-addition of appropriate concentrations of PLL to phospholipid vesicles (100 μM lipid) at 25°C.
Protein Purification. MtrCAB was purified by minor modification of the previously published method. 24 Shewanella oneidensis MR-1 was grown microaerobically in LB media supplemented with lactate and Fe(III)citrate. Harvested cells were washed cells, resuspended in 20 mM HEPES pH 7.6, and broken using a continuous French Press (1000 Psi). Cell debris was removed by centrifugation at 12 000 rpm and the supernatant subject to ultracentrifugation at 42 000 rpm, 4°C for 2 h to pellet membrane vesicles. Vesicles were resuspended by gentle overnight stirring at 4°C in 20 mM HEPES pH 7.6. Sarkosyl (sodium lauroyl sarcosinate) was added to the resuspended membranes to a final concentration of 2%, and the solution was stirred for approximately 45 min at 4°C. Sarkosyl washed membranes were recovered by ultracentrifugation at 42 000 rpm, 4°C for 2 h. The membrane pellet was resuspended by overnight stirring in 2% Triton X-100, 20 mL HEPES pH 7.8, at 4°C. Insoluble material was removed by 1 h ultracentrifugation at 42 000 rpm, 4°C. The supernatant containing soluble proteins was loaded onto a Q-sepharose column equilibrated with 2% Triton X-100, 20 mM HEPES pH 7.8. A NaCl gradient was applied to elute MtrCAB. Pooled fractions were concentrated prior to further resolution using HiLoad Superdex eluted with 2% Triton X-100, 20 mM HEPES, 150 mM NaCl pH 7.8. Purity of the purified MtrCAB was confirmed by SDS-PAGE with protein visualized by Coomassie and heme stain.
Human flavin-monooxygenase 3 (hFMO3) was expressed in Escherichia coli JM109 cells and grown 24 h postinduction as described previously. 25 The protein was purified from the membrane fractions via Ni affinity chromatography, as described. 25 Spectra of the eluted fractions (with 40 mM histidine) were recorded using a diode array HP-8453E spectrophotometer. FAD-containing fractions with characteristic absorption peaks at 375 and 442 nm were pooled and changed to storage buffer (100 mM potassium phosphate buffer pH 7.4, 20% glycerol, and 1 mM EDTA) and stored at −20°C.
Human cytochrome P450 (CYP2D6) was expressed in E. coli DH5α cells transformed with pCW2D6 and grown 48 h postinduction, as described previously. 26 The protein was purified from the membrane fractions in the presence of 20 μM quinidine via Ni affinity chromatography. Spectra of the eluted fractions (with 40 mM histidine) were recorded using a diode array HP-8453E spectrophotometer. CYP2D6-containing fractions were pooled and changed to storage buffer (100 mM potassium phosphate buffer, pH 7.4, 20% glycerol, 0.5 mM β-mercaptoethanol, 1 mM EDTA, 20 μM quinidine, 14 mM CHAPS) and stored at −20°C until use.
Fluorescent Labeling of Proteins. MtrCAB samples were labeled with a Texas Red C2 maleimide fluorescent dye (Molecular Probes). First, disulfide bonds in the protein were reduced using a 10-fold molar excess of a reducing agent tris(2-carboxyethyl)phosphine, hydrochloride (TCEP) for 1 h. The protein was labeled using 10-fold molar excess (dye to protein) for 1 h and unreacted label was removed with a Zebra Desalt spin columns with a 7 kDa cutoff (Thermo Scientific). The reduction of the disulfide and labeling reactions were both carried out in 20 mM HEPES pH 7.0 in an oxygen free environment at room temperature. hFMO3 and CYP2D6 samples were labeled with fluorescein fluorescent dye functionalized with Nhydroxysuccinimide (NHS) active ester group (Thermo Scientific). The labeling reaction was carried out at pH 8.3 for 1 h at room temperature to allow the nucleophilic attack of deprotonated primary amine groups coming from the N-terminus of the protein and surfaceexposed lysine residues (of pK a < 8.3) on the NHS-ester of the dye. The protein was labeled using 5-fold molar excess of dye to protein, and unreacted label was removed with Zebra Desalt spin columns with a 7 kDa cutoff (Thermo Scientific).
Protein Reconstitution into Liposomes. Mixtures of 3:1 POPC/POPG were dried from a chloroform solution under nitrogen for 30 min at a total lipid mass of 5 mg. This was then further dried under vacuum for a minimum of 1 h. To reconstitute MtrCAB into vesicles, the lipid was resuspended in 45 mM octyl-β-D-glucopyranoside 20 mM MOPS, 30 mM Na 2 SO 4 pH 7.4; the solution should be optically transparent upon vortexing. MtrCAB (labeled with Texas Red) was then added at 4% w/w to lipid mass. The resuspended solutions were then allowed to equilibrate at 4°C for 15 min. A rapid dilution was performed by pipetting the solution into Ti 45 centrifuge tubes containing ∼50 mL 20 mM MOPS, 30 mM Na 2 SO 4 pH 7.4 buffer such that the detergent was diluted below its critical micelle concentration. The rapidly diluted solution was then centrifuged (142 000g, 4°C, 1 h) to pellet the vesicles from the solution, using a Beckman Coulter L80-XP ultracentrifuge (Fullerton, CA) and a Ti45 rotor. The detergent-containing supernatant was then removed, and the pellet was washed with a small amount of buffer. The pellet was then resuspended to 1 mL by vortexing with 5 mM MOPS pH 7.0 buffer. hFMO3 and CYP2D6 proteins were reconstituted into liposomes using biobeads following a previously described protocol by Reed et al. 27 Briefly, 3:1 POPC/POPG lipid solutions were bathsonicated until clarified in a 0.1 mL solution of a 250 mM MOPS pH 7.2 containing 75 mM MgCl 2 and 5% (w/v) cholate detergent. The solubilized lipid solution was then mixed with a 0.4 mL solution containing the proteins at a 14.4% hFMO3 or 13.4% CYP2D6 w/w to lipid ratio. The mixture was incubated at 4°C for 1 h before the addition 0.25 g of Bio-Beads SM-2. The sample was rocked for 2 h at 4°C
. The solution and a 0.4-mL volume wash of the beads with 50 mM MOPS buffer (pH 7.25) was drawn up with a 32-gauge needle and then filtered through a 5-μm syringe filter (GE Osmonics, Inc., Minnetonka, MN). The resuspended vesicle solutions containing either MtrCAB, hFMO3, or CYP2D6 were subsequently extruded using an Avanti Polar Lipids Mini Extruder (Alabaster, AL) through a 200 nm membrane. This step was to homogenize vesicle sizes from the resuspended solution, aiding planar bilayer formation. UV−vis was then used to measure the characteristic adsorption bands of each protein, allowing the determination of the protein concentration in the extruded proteoliposomes via the appropriate extinction coefficient. 27, 28 Furthermore, enzyme assays were used to confirm that hFMO3 and CYP2D6 retained their enzymatic activity after reconstitution. 27, 29 ■ RESULTS AND DISCUSSION Assembly of the PLL multilayered lipid bilayers is schematically shown in Figure 1 (top). PLL is allowed to bind to a negatively charged "base" supported lipid bilayer (SLB) (POPC/POPG 1:1) until saturation. Excess PLL is then rinsed away, and a second membrane is formed on top via a solution of negatively charged vesicles (POPC/POPG 3:1). This process is then repeated for each additional layer: binding of PLL followed by rupturing vesicles in a layer-by-layer fashion. While the formation of the first "base" bilayer requires calcium in solution, all subsequent lipid bilayers do not, since they bind to the positively charged PLL layer.
To follow the binding of PLL and the formation of membranes, QCM-D was used, a tool that has proved to be fundamental in the understanding of how SLBs are formed. vesicles onto the bilayer that were then rinsed when vesicles were removed from the solution. 32, 33 After EDTA washing, the resulting bilayer had a frequency shift of ΔF = −24.3 ± 0.5 Hz with dissipation of ΔD = (0.1 ± 0.1) × 10 −6 , consistent with typical values for SLBs. In Figure 1 (II), the PLL is added to the bilayer, resulting in a frequency shift of −6.5 ± 0.2 Hz with no change in dissipation. Using the Sauerbrey equation converting the mass density to lysine per square nanometer, this frequency shift corresponds to a surface density of 3.6 lysine monomers/ nm 2 . 34 Converting this to coverage using the 0.35 nm repeating distance per lysine residue 35 and 0.7 nm thickness observed by AFM gives an approximate PLL coverage of 87 ± 15% corresponding to a densely packed monolayer (most likely with some overlapping polymer). The lack of change in dissipation suggests that the PLL layer is packed very tightly to the bilayer with very little polymer extending into the solution. 36 The density of lipids in POPC:POPG bilayers has been previously shown to be on the order of 1.7 lipids/nm 2 . 37 With only 50% of the lipids charged, this leads to roughly four lysine charges per charged lipid. However, it should be noted that it has been previously shown that PLL can draw charged lipids to the proximal leaflet, inducing a bilayer asymmetry and therefore increasing the membrane surface charge. 38 Overlooking any lipid redistribution, this still leaves a large excess positive charge on the PLL, free to bind the second membrane.
Figure 1(III) shows the addition of a POPC/POPG 3:1 lipid vesicle solution, resulting in a change in frequency of −21.0 ± 0.5 Hz (after washing). The dissipation change shows a sharp peak, characteristic of vesicles rupturing at a critical vesicle surface concentration. 39, 40 It should be noted that vesicles were rinsed through the QCM-D cell for over 15 min before changing to buffer only, and thus the peak is not due to the change from vesicle solution to buffer. A water wash in Figure  1 (*), with the aim of rupturing (by osmotic pressure) and/ removing bound vesicles (by increasing the Debye length of the vesicles and thus repulsion between vesicles), resulted in negligible change in frequency or dissipation compared to washing with buffer. However, when PLL was added to the second bilayer at Figure 1(IV) , the dissipation decreases as does the frequency, suggesting that as the PLL binds, fluid is released from the multilayer. This behavior is even more pronounced when PLL is added to the third lipid bilayer (POPC/POPG 3:1) (Figure 1(VI) ). These changes in dissipation are possibly either due to dehydration of the gap between membranes, decreasing the separation between the bilayers, or the further rupture of remaining nonruptured vesicles. 12 If the latter is true, this implies that PLL may not only be used to bind bilayers together but also as a fusogen to encourage the formation of a bilayer from negatively charged vesicles. Other fusogenic agents that have been shown to induce rupture and fusion include peptides 41 and, more recently, graphene oxide. 12 The total dissipation change between the base bilayer with PLL and the second bilayer with PLL was 0.45 × 10 −6 , and this increased to steps of 0.75 and 1.9 × 10 −6 between layers for the third and fourth lipid bilayers, respectively. Increases in dissipation indicate viscoelastic behavior, which could be due to trapped fluid in the free space in the underlying PLL layers. The frequency changes for the third and fourth lipid bilayers composed of POPC/POPG 3:1 were −27 Hz and −39 Hz. The addition of PLL and lipid was continued for a total of six lipid bilayers, which continued to show an increased step change in dissipation and frequency with each layer (Supporting Figure S1 ). While the QCM-D data suggests new lipid bilayer formation after each addition of PLL and lipid vesicles, the increasing frequency and dissipation changes at higher multilayer numbers suggests that the viscoelasticity of the system increases more with each layer. Increased frequency and dissipation could be a sign of intact vesicles on the surface and, therefore, to further investigate the structures being formed, AFM was performed under fluid conditions to image the surface topography at each stage. Figure 2A shows a POPC/POPG 1:1 base bilayer on mica with several defects giving a bilayer thickness of 5.3 ± 0.3 nm. After the addition of PLL, the defects were observed to close up, and patches of a second lipid bilayer had already formed ( Figure 2B ). In addition to the small fraction of secondary membrane patches, a high coverage (60%) of domain like structures was observed with heights of 0.8 ± 0.1 nm, a height that corresponds to the thickness of PLL observed on mica ( Figure 4A ). Imaging the same area immediately after the addition of POPC/POPG 3:1 vesicles, the base bilayer is covered with circular membrane patches, which slowly laterally fuse together over 30 min resulting in a coverage of 80 ± 5% ( Figure 2C and Supporting Video S1). The coverage is in close Figure 2D ), we observed the almost complete closing of these defects, leading to the second bilayer having a coverage of 95 ± 3% and again some patches of extra (third) lipid bilayer. These AFM images indicate that the drop in dissipation observed with QCM-D upon PLL binding may not be due to vesicle rupture, but rather the electrostatic healing of membranes and the expulsion of water trapped in defects. Incubating POPC/POPG 3:1 vesicles on the PLLcoated double bilayer ( Figure 2E ) led to a third bilayer with 84 ± 3% coverage with a large amount of fourth layer circular membrane patches. After further addition of PLL, the third bilayer had a coverage of 90 ± 4% of which 44% had fourthlayer bilayers and 6% had fifth-layer bilayers ( Figure 2F ). This increase in membrane adsorption with each layer was also observed with the QCM-D. The cause of these unintentional extra membrane layers is unknown; however, it appears the continuous AFM imaging in the same area encourages additional membrane layers, since changing to a different area on the sample showed fewer additional stacks (Supporting Figure S2) .
Varying pH and Chain Length. While the experiments in Figure 1 and Figure 2 were performed at pH 7.0 using PLL with a molecular mass in the range of 70−150 kDa (as determined by the manufacturers by viscosity measurements), PLL is also readily available in larger and smaller chains and is known to change conformations to α-helical at higher pH. Thus, we repeated QCM-D experiments at higher and lower pH levels using PLL with weights of 1−5 kDa (PLL1−5k) and ≤300 kDa (PLL300k), giving chains ranging from ∼6 to over 1900 lysine residues. Table 1 shows QCM-D data of PLL adsorption (and subsequent second bilayer) to POPC/POPG 1:1 bilayers for pH 5.5, 7.0, and 9.0 and for three different PLL lengths. At pH 5.5, PLL adsorption is generally at its lowest corresponding to 55−85% monolayer coverage across all 3 PLL lengths. This reduced surface packing is most likely due to the increase in positive charge of PLL at lower pH. As the surface concentration of PLL on the bilayer increases over time (during incubation with PLL), the bilayer will become saturated with positive charge and therefore prevent the further binding of PLL, preventing overlapping or dense packing. Additionally, the increased charge on PLL will increase its persistence length, which can further reduce polymer packing.
The addition of POPC/POPG 3:1 vesicles at pH 5.5 to these layers showed the greatest frequency changes with values in agreement for a complete single lipid bilayer. Figure 3A displays the QCM-D response for the PLL 1−5k at pH 5.5. After the addition of vesicles to the base bilayer-PLL layer, the dissipation is observed to sharply peak, indicating rapid vesicle rupture at a critical surface concentration.
At pH 7.0, PLL adsorption is slightly greater for PLL70− 150k and PLL300k compared to at pH 5.5 but remains within the range for dense monolayer coverage. However, PLL1−5k increased to 5.2 ± 1.7 lysine monomers/nm 2 , giving a layer thicker than a monolayer. PLL1−5k has approximately 6−32 residues, corresponding to lengths ranging between 2 and 11 nm (assuming 0.35 nm distance between each residue). 35 With the polymer length being similar to its expected persistence length (∼4 nm) 42 it is possible that at pH 7.0 the interaction with the bilayer permits a more extended brush like conformation on the surface. Using a density of 1.2 g/m 3 (ref 43) and converting the surface mass to a thickness gives a value of 1.4 nm. The formation of the second bilayer at pH 7.0 showed no noticeable dependence on PLL with frequency shifts of −20 ± 1 Hz across all PLL lengths. At pH 9.0, the magnitude of PLL adsorption was strongly dependent on PLL length, greatly increasing to 12.0 ± 1.1 lysines per nm 2 for PLL300k (Table 1 and Figure 3A) . The QCM-D data ( Figure 3A) shows that in addition to the frequency change due to the adsorption of PLL300k at pH 9.0, there is a relatively large increase in dissipation to 1.5 × 10 −6 , indicating a swollen and viscous PLL film due to a greater water content associated with the surface. 44 To form a second lipid bilayer, the POPC/POPG (3:1) vesicles had to be added at pH 5.5, as vesicles additions at higher pH values showed no response by QCM-D. Seemingly, at higher pH, the charge on the PLL is not sufficient to counter the charge of the base SLB. As shown in Table 1 , no bilayer formation was observed on PLL1−5k layers formed at pH 9.0. This is most likely due to there not being enough free charges on the adsorbed PLL layer. In Figure 3A (III), the introduction of pH 5.5 vesicles produced a frequency shift of −20.1 ± 0.5 Hz and a sharp peak in dissipation, which rapidly decreased. It should be noted that the buffer was changed from pH 9.0 to pH 5.5 10 min before the vesicle addition, with the PLL layer showing negligible changes in conformation/organization. Increasing the amount of charged lipid in the second layer lipid mixture to 50% showed an increase in the frequency shift of −24.5 ± 0.5 Hz ( Figure  3B (III)) implying that a more complete bilayer was formed. Additionally, the third lipid bilayer was formed with a frequency shift of 27.3 ± 0.4 Hz. While the POPC/POPG 3:1 vesicles previously showed a peak in dissipation, the dissipation behavior after addition of POPC/POPG 1:1 did not, implying that the vesicles of higher charge directly rupture on the PLL layer rather than rupturing at a critical surface concentration.
Assuming a random coil chain, the frequency shift observed due to PLL300k adsorption at pH 9.0 corresponds to over three layers of PLL. However, PLL is well known to change to a right-handed helical conformation in aqueous solution at more alkaline pH because of the decrease of electrostatic repulsion between amino side chains, where the side chains are oriented outward from the helical peptide chain. 45, 46 AFM imaging of PLL300k adsorbed at pH 9.0 to POPC/POPC 1:1 bilayers shows the arrangement of these α-helices ( Figure 4B ) in contrast to the random coil conformation, which could be observed when binding PLL to mica at pH 7.0 ( Figure 4A ). We note that individual PLL peptides in the random coil conformation on lipid bilayers could not be observed with AFM, most likely because the high coverage of PLL, the diffusion of the random coil peptides, and soft interface of the lipid bilayer make the imaging of such small structures impossible. The heights of the α-helical structures are 2.8 ± 0.2 nm, in reasonable agreement with previous AFM reports of PLL on mica. 47 Measurements of the lateral thicknesses of the filaments give values ranging from 10 to 50 nm, suggesting that many of them are in bundles, which is further evident from the large number of helices branching away from the larger bundles. From a biomimetic perspective, these structures could be seen to resemble an actin cytoskeleton found at the cell membrane and at model supported membranes. 48, 49 The average length of each repeating unit per residue is 0.15 nm for the α-helical chain. 35 Therefore, a 300 kDa PLL chain, which has approximately 1900 residues, will have a total length of 210 nm in the α-helical conformation (495 nm in randomcoiled chain conformation). The lengths of the α-helices as analyzed from several AFM image gave a wide length distribution, peaking at 230 ± 130 nm (σ), in close agreement with the predicted value based on 0.15 nm/residue.
The coverage of α-helical filaments (based on the number per unit area and their length) can be converted to an approximate mass per unit area. This value, however, is 20-fold less than the total PLL adsorption measured by QCM-D under the same conditions. This, in addition to the QCM-D dissipation increase observed when binding PLL at pH 9.0, both suggests that only a fraction of the PLL is in a α-helical conformation with possibly much of the PLL in a compact globular shape with larger radius of gyration and much more associated fluid.
These results show that, while reducing pH to 5.5 improves bilayer formation, the main differences in film thickness occur at higher pH with longer PLL chain lengths. Figure 3D compares AFM height profiles across multilayered membrane defects in the pH 9.0 PLL300k and the pH 7.0 PLL70−150k systems. It clearly shows that two lipid bilayers with pH 9.0 PLL300k is of similar thickness to three lipid bilayers with pH 7.0 PLL70−150k. Removing the thickness of the first "base" bilayer of 5.3 ± 0.3 nm (measured base bilayer thickness) gives PLL thicknesses of 0.7 ± 0.3 nm and 2.5 ± 0.4 nm for the pH 7.0 PLL70−150k and pH 9.0 PLL300k systems, respectively. Force spectroscopy measurements ( Figure 3C ) using a sharp tip also show large differences in the thicknesses of these two systems. In this case, as the tip approaches a triple bilayer, it begins to deflect as force is applied to the sample. Rupture events then occur, creating a step in separation and a reduction in force as the tip punctures one bilayer. The example force curves in Figure 3C show the consecutive rupture of three bilayers creating three steps of similar separation. Removing the thickness of the bilayer (as measured by the height profile, Figure 3D ) from the total thickness determined by force spectroscopy ( Figure 3C ) gives PLL thicknesses of 1.2 ± 0.3 nm and 5.5 ± 0.4 nm for the pH 7.0 PLL70−150k and pH 9.0 PLL300k systems, respectively.
In conclusion, all three measurement methods (QCM-D, height profiles, and force spectrscopy) indicate an increased membrane separation when PLL is added at pH 9.0, although this height is significantly higher when measured with force spectroscopy. Furthermore, the thicknesses reported in Figure  4C agree with those measured by AFM of individual PLL polymers in the random coil and α-helix confirmations ( Figure  4A and Figure 4B) .
Membrane Dipole and Surface Potential Measurements. To further understand the electrostatic nature of the lipid−PLL interactions and to examine any structural changes due to such interactions, the fluorescent membrane probes FPE (sensitive to electrostatic membrane potential 21, 50 ) and Di-8-ANEPPS (sensitive to membrane dipole potential 51 ) were used in 1:1 POPC/POPG lipid vesicles. Binding experiments showed serial increases in FPE fluorescence intensity upon additions of PLL, indicative of large increases in positive charge at the membrane surface ( Figure S3 ). As might be predicted due to the nature of electrostatic interactions, vesicle aggregation was observed at higher PLL concentrations. While such behavior is avoided when working with the supported bilayer system, the binding data ( Figure S3(B) ) shows that the working concentration of 10 μg/mL (used in lipid multilayer preparations) is close to binding saturation. Studies of PLL binding to vesicles containing Di-8-ANEPPS ( Figure S4 ) showed small changes in the fluorescence excitation spectrum ratio for the longer chain PLL (300k and 70−150k). Changes after the addition of the short chain PLL1−5k were negligible. These chain length-dependent changes in the membrane dipole potential are most likely due to slight reorganization of the membrane lipids into domains, a phenomenon previously observed in a number of studies. 52, 53 These fluorescence spectroscopy studies confirm that PLL reduces the membrane surface potential without insertion or damage to the membrane. Lipid Diffusion Properties. For model membranes to be adequate mimics of biological membranes, lipids should be able to diffuse freely. Lipid mobility was determined using FRAP of lipid multilayers constructed under varying pH levels, for different PLL lengths. FRAP measurements of the base bilayer (POPC/POPG 1:1, 1% DOPE-CF) gave diffusion constant (D) values ranging from 0.5 to 0.8 μm 2 /s, in agreement with previous FRAP measurements of SLBs. 54 Incubation of PLL300k at pH 9.0 with the base bilayer ( Figure 5A , 5B), without the further addition of lipid, created patches of double membrane in agreement with AFM imaging ( Figure 2B) . Similarly, double membrane patches were observed after incubating the SLB with PLL1−5k at pH 5.5 ( Figure 5C ), although the patches are larger and sparser. The incubation of PLL on the base bilayer appears to cause no noticeable change (within error) on either the diffusion constant or the mobile fraction ( Figure 5F ).
To obtain diffusion constants of the second lipid bilayer in a double bilayer construct, fluorescently labeled lipid was excluded from the base bilayer and only included in the second bilayer. Similarly, to measure D of a third bilayer, no fluorescent lipid was included in the first two lipid bilayers. Figure 5D shows a series of images of the third bilayer (POPC/ POPG 3:1, 1% DOPE-CF) using PLL70−150k (in 5 mM MOPS, pH 7.0). After bleaching the central region (55 μm diameter), a large fraction was observed to recover within 15 min, with an almost complete recovery after 90 min (see Supporting Figure S5 for normalized intensity over time). Figure 5E shows the same experiment conducted after formation of an additional PLL70−150k layer on top of the third bilayer. While we observed the appearance of additional membrane patches, there was only a slight decrease in D and a small increase in mobile fraction. However, these changes were within experimental error. Figure 5F compares the differences in diffusion coefficient and mobile fraction across all three systems tested (PLL1−5k pH 5.5, PLL70−150k pH 7.0, and PLL300k pH 9.0). For the PLL70−150k pH 7.0 system, D decreases at each layer of the multilayer build up. DOPE-CF has the fluorescent dye labeled to the lipid headgroup, and it is possible the decrease in diffusion is due to a "drag" effect by PLL. To test for this possibility, a lipid with dye in the hydrophobic region of the bilayer (NBD-C6) was used. Figure S6 shows that addition of PLL to either the base bilayer or second bilayer also decreases the diffusion constant of NBD-C6. This suggest the decrease in diffusion constant is not due to a direct interaction between the label and PLL, but instead due to a general decrease in diffusion of the lipids, possibly because of the electrostatic interaction between the negatively charged lipids and the PLL.
For the short-chain PLL system (PLL1−5k) at pH 5.5, diffusion generally increased after PLL incubation for the base, second, and third bilayers ( Figure 5F ). As PLL1−5k is shorter, it is possibly more mobile and therefore less likely to reduce diffusion of the lipids. The unexpected slight increase in D after PLL1−5k absorption could be due to the healing effect of PLL we observed by AFM (Figure 2) reducing the number defects which hinder diffusion (on the scale probed by FRAP). 9 The PLL300k pH 9.0 showed relatively stable diffusion in all three bilayers. However, the mobile fraction showed a general decreasing trend with increasing layer build up, which could be due to the α-helical PLL caging diffusion in a similar fashion to the actin cytoskeleton, as previously reported. 55 In spite of the trends just discussed, it is important to note that the variations between the PLL systems are relatively small. Transmembrane Protein Incorporation. To study fundamental biological interactions and for future potential technological applications in multiple membrane systems, the ability to incorporate membrane proteins is vital. Thus, we followed the same method used to form PLL70−150k pH 7.0 double membranes, but formed the second lipid bilayer with proteoliposomes (POPC/POPG 3:1) containing a transmembrane protein. In total, three membrane proteins were investigated: two different drug-metabolizing mono-oxygenases, human flavin-containing monooxygenase 3 (hFMO3), 57 and cytochrome P450 2D6 (CYP2D6). 58 The third protein studied was the heterotrimeric outer membrane protein complex MtrCAB, 59 which plays a central role in the metal reducing ability of S. oneidensis MR-1. UV−vis spectroscopy was used to quantify the reconstitution yield of these proteins into 3:1 POPC/POPG vesicles and to confirm their integrity. 27−29 As shown in Figures S7 and S8 , we typically obtained a 1−2% protein to lipid ratio (w/w). Figure 6A −C shows model structures of each protein and the conformations they adapt in lipid membranes. For each protein, AFM images were obtained of the base bilayer (1:1 POPC/POPG) before incubation with PLL 70−150k and subsequent secondary bilayer formation with proteoliposomes. AFM images showed almost complete second bilayer coverage with many small protrusions corresponding to extra-membranous regions of the proteins (Figure 6D−F) . The average heights of the protrusions in the hFMO3 system were 2.5 ± 0.3 nm, which is 1 nm less than the smallest expected dimension. The heights of CYP2D6 and MtrCAB were 3.7 ± 0.1 and 3.7 ± 0.2 nm respectively, in reasonable agreement with current structures of the proteins.
By labeling each protein with a fluorescent dye, the diffusion properties were investigated first in a single base bilayer alone and then in the second bilayer of a double membrane. Figure  6G −I shows double bilayers containing each labeled protein in the second bilayer immediately after bleaching a central region.
After 30 min, the bleached area of the hFMO3 proteins recovered to almost its maximum at roughly a third of its initial intensity ( Figure 6J) , showing that less than half of the proteins appear to be mobile in a double bilayer. Over the same period of time, the recovery of CYP2D6 proteins was much greater, at over 50% ( Figure 6K ), while MtrCAB recovery was up to 60% ( Figure 6L ). The recovery data of the MtrCAB protein shows a very good fit to a single exponential from which a single diffusion constant and single mobile fraction can be derived. The hFMO3 and CYP2D6 proteins, however, do not fit so well to a single exponential and require a double exponential (eq 1).
where M 1 and M 2 are the component mobile fractions, and d 1 and d 2 are time constants from which the corresponding diffusion constants are calculated. This double exponential behavior has been previously observed in polymer supported membranes 60, 61 and supported membranes upon binding of proteins. 62 Fitting to the double exponential to hFMO3 and CYP2D6 data gave two distinct components, suggesting the proteins have two separate diffusion constants. This behavior 
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Article presumably arises due to the two possible orientations of the protein, i.e., with the extra-membranous region either at the top or the bottom of the bilayer. Figure 6M compares averaged diffusion constants of each protein in a single solid supported bilayer (base) and, separately, in the second bilayer of a double membrane system. The values obtained in Figure 6M were found by fitting to single exponential for MtrCAB or double exponentials (D 1 and D 2 ) for hFMO3 and CYP2D6. Similarly, values for the mobile fractions were obtained from the same fits to single and double exponentials (M 1 and M 2 ) ( Figure 6N ). hFMO3 shows a very similar diffusion behavior in the SLB and in the second bilayer of our double bilayer. However, M 2 , which represents the fraction of the slower component, is greatly reduced from 48 ± 1% in the SLB to 14 ± 1% in the second bilayer. The diffusion behavior of the CYP2D6 protein was similar to that of hFMO3, although the reduction in M 2 is not as great. Fitting the recovery data of MtrCAB diffusion to double exponentials produced component values that closely agreed with each other and with values obtained via single exponential fits. To minimize fitting errors, values for the diffusion constant and mobile fractions were taken from the single exponential fits. In the base bilayer, 44 ± 4% of MtrCAB had a diffusion constant of 0.13 ± 0.02 μm 2 /s; these values increased to 63 ± 3% having an average diffusion constant of 0.18 ± 0.02 μm 2 /s. The large differences between the two diffusion components (D 1 vs D 2 ) for the hFMO3 and CYP2D6 suggest the single extra membranous region is either at the bottom of the lipid bilayer, interacting with the PLL-lipid bilayer/glass substrate (slow component), or at the top of the bilayer and free to diffuse (faster component). MtrCAB has similar extra membranous regions; however, they protrude out both sides of the membrane and thus its orientation appears to have little influence on its diffusion. Comparing the slower diffusion constant components of hFMO3 and CYP2D6 with that of MtrCAB shows close agreement between all three, suggesting all extra-membranous regions (which are of similar sizes) are affected by the supporting glass or PLL in similar manners. The large reduction in slower mobile fraction (M 2 ) in the second bilayer data for hFMO3, however, implies there may be a strong interaction between the hFMO3 protein and the underlying PLL layer causing an additional immobilization of ∼34% of the protein.
Diffusion of a transmembrane protein, syntaxin-1A, in streptavidin-suspended double membranes has been previously studied by Murray et al. 10 The study showed much lower mobile fractions (∼10%) with diffusion constants of 0.03 and 0.25 μm 2 /s. This low mobile fraction was thought to be caused by syntaxin becoming confined between streptavidin molecules. Similarly, diffusion of Cytochrome b 5 in polymer-supported single membranes has showed that approximately 25% of cytochrome b 5 diffused with ∼1 μm 2 /s, and 50−60% diffused with a diffusion coefficient of ∼0.02 μm 2 /s. 60 A model for the viscous drag of the polymer layer interacting with the proteins was shown to account for the reduction in diffusion. Here, we propose that PLL imposes a similar viscous drag effect on the diffusing protein and potentially may electrostatically trap some proteins such as the hFMO3. A recent study by Pace et al. 63 has further studied orientation-dependent diffusion properties of a transmembrane protein in polyethylene (PEG)-supported or glass-only SLBs. By only labeling either the ectoplasmic or cytoplasmic regions of a protein that has a similar structure to that of hFMO3 and CYP2D6, the study showed protein diffusion (0.17 μm 2 /s) was unaffected by the support (glass or PEG) when the extra-membranous domain was at the top of the bilayer. However, when the extra-membranous domain was at the bottom of the bilayer, diffusion was greatly reduced to 0.04 μm 2 /s when diffusing within the PEG support and immobile when in contact with the glass. 63 Although we show that PLL still hinders protein diffusion, the measured diffusion constants are in fact in good agreement with literature values reported for single α-helical transmembrane proteins in live cells of ∼0.2 μm 2 /s. 64 Our data therefore shows that the PLLlipid multilayers membranes, which contain fractions of negatively charged lipid comparable to many living systems, provide a very good biomimetic environment for membrane proteins.
■ CONCLUSIONS
Herein we have detailed a straightforward and reliable method for creating controllable lipid multilayers using PLL as an electrostatic linker between negatively charged lipids. In addition to linking the lipid bilayers, the PLL also serves as a thin polymer cushion, providing an attractive and biomimetic environment for transmembrane proteins. QCM-D results indicated that the bilayers form on the poly L-lysine layer via lipid vesicle rupture after reaching a critical vesicle surface concentration, a pathway commonly observed for SLB formation on substrates such as glass or mica. AFM imaging confirmed the formation of multilayers, which at pH 7.0 and pH 5.5 is almost insensitive to PLL chain length. At pH 9.0, longer-chain PLLs form α-helixes, increasing the distance between the lipid bilayers and creating a support akin to a cytoskeleton network (Figure 4 ). While this study has shown that lipid multilayers can be formed using PLL, this proof of concept might easily be translated to any polyelectrolyte, for instance by extending the intermembrane separation using polyelectrolyte multilayers (PEMs). The formation of single bilayers on such PEMs has been previously demonstrated by Fischlechner et al. 56 Additionally, our results provide further understanding for the formation of lipid polyelectrolyte-based biomimetic microcapsules for use in drug delivery, biosensors, and hybrid nanodevices. 65 The inclusion of freely mobile functional transmembrane proteins and large transmembrane protein complexes showed that this system easily accommodates a range of proteins. This opens up possibilities for creating functional multilayered membrane systems with the aim of recreating and amplifying some of nature's most useful machineries. This work is also a key component in the development of artificial Gram-negative bacterial double membranes with the intention of understanding electron transport across multiple membranes via a number of metalloproteins. As such, it not only provides a system for future possible technologies but also for understanding fundamental biological processes at membrane− membrane interfaces. 
